Genetic strategies have been used for more than two decades to improve bacterial bioprocesses and to simplify recovery procedures. Such strategies include the design of efficient expression vectors and the improvement of bacterial production strains in different ways, e.g. by deletion of protease genes or engineering for overexpression of rare-codon tRNAs, foldases or chaperones. Gene multimerization is another such principle that has proved beneficial to improve production yields. Genetic strategies have furthermore been exploited to facilitate recovery processes by adapting the product for a particular purification principle. In this area, affinity fusions have been commonly used, but other principles, such as modified isoelectric point (pI) or hydrophobic properties have also been successfully investigated. A recent drastic step forward in the use of gene technology to improve recovery processes for recombinant proteins is the introduction of combinatorial protein engineering to generate tailor-made product-specific affinity ligands. This strategy, which allows efficient recovery of a recombinant protein in its native form, is likely to be increasingly used also in industrial-scale bioprocesses, since novel protein ligands have been described that can be sanitized using common industrial cleaning-in-place procedures. The examples presented in this review make it evident that genetic strategies will be of utmost importance in the future for facilitating production and recovery of recombinant proteins.
Introduction
Recombinant DNA techniques used for obtaining and combinding genes from a variety of sources, and the possibility of expressing these genes in different host cells, have provided scientists in the biopharmaceutical field with proteins in quantities previously impossible to obtain. The choice of host for the production depends mainly on the properties and the final use of the expressed protein.
If the protein consists of multiple subunits or requires substantial post-translational modifications, the preferred host usually is of higher eukaryotic origin. The bacterium Escherichia coli has, however, also been successfully used for production of relatively complex proteins [1] , and progress over recent years has widened the use of this organism even further. As a production host, E. coli has mainly been used for cost-efficient production of large amounts of proteins that are limited in size and have a relatively simple structure. In addition to ensuring a large supply of the desired protein, the recombinant production of proteins also provides the opportunity to genetically design the product in order to facilitate the bioprocessing. Genetic-design approaches may be applied to influence the targeting of the gene product, i.e. whether the gene product is accumulated intracellularly in a soluble form or as inclusion bodies, or whether the product is secreted into the periplasm or even into the culture medium [2] . The selected production strategy can significantly influence the design of the purification scheme, as well as the quality and final yield of the protein produced. One example of how genetic design can be employed to facilitate the recovery of recombinant proteins is the use of gene fusions [3, 4] . Creating fusion proteins may simplify the recovery process in such a way that it might be possible to integrate several unit operations, thereby increasing the overall efficiency in the downstream purification process. The hosts used for production of recombinant proteins range from simple prokaryotic organisms (bacteria) to multicellular organisms such as transgenic plants and animals, and including unicellular eukaryotic organisms such as yeast and the more complex eukaryotic insect and mammalian cells. The choice of host system depends on many factors, such as the size, structure and stability of the gene product, and the requirements for post-translational modifications for biological activity. The necessary production yields, acceptable cost and quality specifications of the final product also have to be considered.
E. coli as production host
When setting up a process for production of a recombinant protein, the normal approach is to first try to express the protein of interest in E. coli. Alternative expression systems are used only if the product is biologically inactive after production due to lack of essential post-translational modifications, incorrect folding or when the recovery of the native protein is too low [5] . Parameters important for successful production of a recombinant protein in E. coli include transcriptional and translational efficiency, stability of the expression vector and of the transcribed mRNA, localization, proteolytic stability and folding of the gene product, as well as cell growth [6, 7] . The compartmental localization of the gene product and the related issues, such as proteolytic degradation and refolding, are discussed below.
The expression vector
An E. coli expression vector should contain, apart from the gene of interest, an origin of replication, a gene that confers antibiotic resistance (or an alternative selectable marker), a promoter and a transcription terminator. The origin of replication determines the vector copy number, which could typically be in the range of 25-50 copies\cell if the expression vector is derived from the low-copy-number plasmid pBR322, or between 150 and 200 copies\cell if derived from the high-copy-number plasmid pUC [8] . The copy number influences the plasmid stability, i.e. the maintenance of the plasmid within the cells during cell division. A positive effect of a high copy number is the greater stability of the plasmid when the random partitioning occurs at cell division. On the other hand, a high number of plasmids generally decreases the growth rate, thus possibly allowing for cells with few plasmids to dominate the culture, their being the faster growing [9] . Generally there appears to be no significant advantage of using higher-copy-number plasmids over pBR322-based vectors in terms of production yields [10] .
The gene coding for antibiotic resistance is necessary both for identifying transformants and to ensure antibiotic selective pressure, that is, only cells that harbour an expression vector will divide, thus preventing plasmid loss. Genes conferring ampicillin, tetracyclin or kanamycin resistance are commonly used in expression vectors. Ampicillin resistance is mostly used only on a laboratory scale, because β-lactamase, the enzyme which confers the re- sistance, degrades ampicillin and thus the selective pressure is lost after a few generations of cell growth [5] . Furthermore, ampicillin has been thought to be potentially allergenic, and is therefore usually not the antibiotic of choice in the production of biotherapeutics intended for human use. Another approach in preventing plasmid loss is to use a mutated E. coli strain deficient in a gene encoding an essential protein, and include that crucial gene in the plasmid instead [7, 9] . A number of strong promoters are available for highlevel expression in E. coli (Table 1 ). An important criterion of a promoter is its ability to be efficiently down-regulated under non-induced conditions, i.e. tightly regulated. An early overproduction of the heterologous protein, due to a nonsilent promoter, might impair cell growth. It is therefore desirable to be able to repress the promoter during a cell growth phase to achieve high cell densities, after which the high-rate protein production would be initiated by induction of the promoter. Another important characteristic of a promoter is that it should be simple and inexpensive to induce. For laboratory-scale production, the isopropyl β-Dthiogalactopyranoside (IPTG)-inducible promoters, which are regulated by the product of the lacI gene, the lac repressor, are widely used. They include the lac promoter [11] , the lac-trp hybrid promoter tac [12, 13] and the trc promoter [14] . A disadvantage with these promoters is that they are not completely down-regulated under non-induced conditions, and thus are not suitable if the target-gene product is toxic to the cell. Another, more tightly regulated, IPTG-inducible expression system is the pET vector system, which is the most common expression system used in laboratory-scale cultivations [15, 16] . The pET vector has a T7 promoter which is transcribed only by T7 RNA polymerase and must be used in a strain carrying a chromosomal T7 RNA polymerase gene which is under the control of a lac promoter. The use of IPTG for induction of these promoters might not still be optimal for the large-scale production of human therapeutic proteins because of the cost of IPTG [22] . Lactose has been shown to be an inexpensive, but somewhat weaker, alternative for induction of the lac promoter in some applications [23] . For large-scale cultivations, either the trp promoter [10] or heat-induced promoters are commonly used. The trp promoter is induced by starvation of tryptophan or by the addition of β-indoleacrylic acid. One potential problem with the trp promoter is that it is difficult to completely down-regulate under non-induced conditions, a problem which, however, can be minimized by the addition of fructose to the cultivation medium [24] . Examples of heat-induced promoters are P L (λ) [18] , P R (λ) [19] and the thermosensitive lac promoter lac(TS), which was constructed by mutation of the lacI gene [20] . One drawback with these promoters is that the thermal induction could also induce the production of heat-shock proteins, including certain proteases that can cause enhanced degradation. Constitutive promoters, such as the Staphylococcus aureus Protein A (SPA) promoter (P SPA ), have also been used for recombinant-protein production [21] . Promoters induced by cultivation conditions such as pH, oxygen levels, stationary growth and osmolarity [6] , as well as weak and moderately strong promoters [7, 25] , have also been described.
A transcription termination downstream of the coding sequence has been described as enhancing plasmid stability by preventing transcription through the replication region and through other promoters located on the plasmid [22] . In addition, the transcription terminator enhances the stability of the mRNA transcript by a stem-loop formation at the 3h end [26, 27] . The tandem T1T2 transcription terminator [28] , derived from the rrnB ribosomal RNA operon of E. coli, is an efficient and commonly used transcription terminator [6] .
Protein production
Translation is initiated by the binding of the ribosomes at the Shine-Dalgarno (SD) sequences located within the ribosomal binding sites (RBS) in the mRNA sequence. Optimal translation initiation is obtained for mRNAs with the Shine-Dalgarno sequence UAAGGAGG. Also the space between the binding site and the initiation codon, ideally four to eight nucleotides in length, is important for efficient translation initiation [29] . Furthermore, the secondary structure around the RBS and in the sequence immediately downstream of the start codon have been described to influence the translational initiation efficiency, and an enrichment of A and T residues in those regions has been shown to improve the efficiency of translation [30, 31] . It has recently been suggested that the codon that follows the AUG initiation triplet (the +2 codon) is of particular importance for the translation initiation efficiency, and that there is a preference for adenine residues in this codon in highly expressed gene products [32] . The frequencies with which the different codons appear in genes in E. coli are different from those in genes of human origin. The amount of specific tRNAs is also reflected by the frequency of the codon, which means that a tRNA which recognizes a rarely used codon is present in low amounts. Therefore, human genes that contain codons which are rare in E. coli may be inefficiently expressed. This problem can be solved either by exchanging codons in the target gene for codons which are more frequently used in E. coli, or, alternatively, by co-production of the rare tRNAs. The most abundant codons in E. coli have been determined by examination of sets of genes, and lists of codon usage can be found in several publications, for example [33] . The effect on expression levels by substitution of rare codons with optimal ones has been extensively studied, but general conclusions have been difficult to draw. In some studies, an increased production level has been reported, but according to the reports of others, no effect could be detected [6] . It has, however, been found that a long stretch of similar codons decreases the expression level [34] . Furthermore, clusters of very rare codons (Table 2) can create translation errors and reduce the expression level, suggesting these codons should be substituted [35] [36] [37] .
The preferred stop codon in E. coli is UAA [38] . However, several consecutive stop codons have been included to obtain efficient translation termination [22] . Alternatively, the prolonged UAAU stop codon can be used for more efficient translational termination [39] .
Cultivation
Batch cultivation is the most simple way to produce a recombinant protein. In a batch cultivation, all the nutrients required for cell growth are supplied from the start, and the growth is initially unrestricted. However, the unrestricted growth commonly leads to unfavourable changes in the growth medium, such as oxygen limitation and pH changes. Also, certain metabolic pathways in the cell will be saturated, which potentially leads to the accumulation of inhibitory by-products in the medium. Therefore only moderate cell densities and production levels can normally be obtained with batch cultivations [40] . To obtain high cell density and high protein production levels, fed-batch cultivation in a bioreactor is commonly used. In a fed-batch cultivation, the carbon\energy source is added in proportion to the consumption rate. Thereby overflow metabolism and the accumulation of inhibitory by-products can be minimized [41] . Moreover, the growth rate can be balanced to achieve a maximal production level. The bioreactor should preferentially be equipped to maintain an optimal oxygen concentration, pH and temperature [42] . Defined media are generally used in fed-batch cultivation. As the concentrations of the nutrients are known and can be controlled during the cultivation, the cultivation is also more reproducible compared with the use of a complex growth medium. However, the addition of complex media, such as yeast extract, is sometimes necessary to obtain a high level of the desired recombinant protein.
Acetate is produced when the culture is growing in the presence of excess glucose or under oxygen-limiting conditions [43] . A high concentration of acetate reduces growth rate, maximum obtainable cell density and the level of production of the recombinant protein. It is therefore important to maintain the acetate concentration below the inhibitory level. This can be achieved by controlling the cultivation in several ways : the growth rate could be controlled by limiting nutrients, such as sources of carbon or nitrogen [44, 45] , by using glycerol [45] or fructose [46] instead of glucose as the carbon\energy source, by addition of glycine and methionine [47] or by lowering the cultivation temperature, or by metabolic engineering [48, 49] . Other problems concerning growth to high cell densities are oxygen limitation, reduced mixing efficiency, heat generation and high partial pressure of CO 2 [40, 44] .
Strategies for production
A major consideration when designing a process for production of a recombinant protein in E. coli is whether the gene product should be produced intracellularly or if a secretion system could be used. Different genetic design strategies, together with the inherent properties of the target protein, decide which expression route will be the most successful. Upon intracellular expression, the product can either accumulate as a soluble gene product or precipitate in the form of inclusion bodies. If a secretion system is used, and the product is found to be secretable, the gene product will be accumulated in the periplasm or in some cases even be translocated also through the outer membrane to the extracellular culture medium [2, 50] . Every production strategy has its advantages and disadvantages (Table 3) .
Production by secretion
The periplasm contains only about 100 proteins as compared with about 4000 proteins in the cytoplasm [51] . Thus considerable purification and concentration effects are achieved by the targeting of the gene product to the periplasm. Additional beneficial effects achieved through the secretion of the gene product include enhanced disulphidebond formation, possibility to obtain gene products with authentic N-termini, decreased proteolysis and minimization of harmful action of recombinant proteins which are deleterious to the cell. The specific release of the periplasmic protein content is simple and commonly used at the laboratory scale by different osmotic-shock procedures. However, on an industrial scale, efficient methods for selective release of periplasmic proteins are lacking. Nevertheless, it has been shown that treatment at an elevated temperature after completed cultivation can improve unspecific leakage to the culture medium [52] . It would be even more attractive to obtain translocation of the gene product to the growth medium, since this would lead to a significantly simplified purification scheme for the gene product. Protection against proteolysis might also be achieved using this strategy, because E. coli has very low extracellular proteolytic activity under normal conditions [5] .
Secretion into the culture medium There are no efficient pathways available for specific translocation of proteins through the outer membrane of E. coli. Instead, the secretion of some recombinant proteins to the periplasm is suggested to cause a destabilization of the outer membrane, which becomes leaky and allows the protein to diffuse into the extracellular medium in a semi-specific manner. This highly protein-specific phenomenon is not fully understood [53, 54] . Examples of proteins which have been efficiently secreted to the culture medium include different heterologous proteins fused to SPA domains [55] , to calmodulin [56] and to the OmpA signal sequence [57] . Another strategy is to use leaky E. coli mutants which constitutively release periplasmic proteins into the culture medium due to loss of outermembrane integrity [58] . However, these mutants are fragile and revert readily to the non-leaky phenotype, a fact which makes these strains unsuitable for large-scale protein production. Alternatives to the use of leaky mutants are coexpression of the bacteriocin release protein [59] or of the third topological domain of the transmembrane protein TolA [60] , whereby a leaky phenotype is induced by disrupting the integrity of the outer membrane causing periplasmic proteins to leak into the growth medium. Supplementation of the growth medium with glycine has also been shown to enhance the release of periplasmic proteins into the cultivation medium [61, 62] .
Secretion to the periplasmic space Many recombinant proteins have been successfully secreted to the periplasm by fusion of a signal sequence or a normally secreted protein N-terminally to the target protein. Frequently used signal [63] , β-lactamase [64] and DsbA [65] . Interestingly, the Gram-positive signal sequence derived from SPA has shown to efficiently direct recombinant proteins to the periplasm of E. coli [19] . Proteolysis caused by envelope proteases is one of the most severe problems encountered when directing a recombinant protein to the periplasm of E. coli. The proteolysis can be minimized by different approaches, for example by using protease-deficient strains or by genetic design of the gene product [50, 66] . Proteases which degrade many heterologous proteins in the periplasm are DegP, Tsp (denoted Prc in some publications), protease III (also named Pi) and OmpT [67, 68] . E. coli strains with single, double and triple mutants of these proteases have been shown to efficiently decrease the degradation of different heterologous proteins secreted to the periplasm [66, 69] . Furthermore, mutations in the rpoH gene, which code for the heat-shock-response σ 32 factor, have been shown to increase the production of secreted proteins through decreased degradation [66] . One problem in using hosts deficient in multiple proteases is that viability, and thus growth, is impaired. Growth condition parameters such as temperature, pH and medium composition also affect the periplasmic proteolysis [69, 70] . Genetic design approaches include in vitro mutagenesis in order to specifically eliminate protease cleavage sites in the target protein gene, and different fusion protein strategies to protect the target protein from proteolysis [50] . For example, the two IgG-binding domains ZZ, derived from SPA [71] , and the albumin-binding protein BB from streptococcal protein G [72] , have successfully been used as fusion partners serving this purpose. They have either been fused to the N-terminus, the C-terminus or to both termini of the target protein. The most pronounced stabilization effect has been obtained using the dual-affinity fusion strategy [73, 74] , which, in addition, allows recovery of the full-length product by two subsequent affinity-purification steps. The same effect has also been demonstrated using combinations of other affinity tags [3] .
The environment in the periplasm is less reducing than that of the cytoplasm and favours the correct folding of recombinant proteins containing disulphide bonds. The periplasmic space also harbours foldases involved in the formation of disulphide bonds and isomerization of the proline imide bonds [75, 76] . During recent years, several studies have been aimed at investigating whether co-expression of some of these foldases, or the eukaryotic equivalents thereof, enhances the yield of correctly folded protein in the E. coli periplasm. In some studies enhanced yields were achieved, but in others, only minor or no effects were observed [77] [78] [79] [80] [81] [82] . Co-expression of a selective binder to the target protein is another approach to obtain enhanced yield of correctly folded protein. By this approach, coexpression of insulin-like growth factor-I with its binding protein, together with the addition of a redox buffer to the culture, resulted in almost quantitative yields of correctly folded insulin-like growth factor-I [83] .
Intracellular production
An intracellularly produced recombinant protein can be accumulated in a soluble form in the cytoplasm, precipitate and form inclusion bodies, or, alternatively, be partly in the form of inclusion bodies and partly in soluble form. It is usually impossible to predict whether the gene product will be soluble or if it will precipitate [84] , and empirical investigations are therefore necessary. Among the most important factors influencing the inclusion-body formation are protein expression rate and presence of disulphide bonds, but hydrophobicity and choice of fusion partner have also been shown to have a significant impact [27] .
Production of soluble gene products If the gene product is stable against proteolysis and not harmful to the host cell, it might be desirable to keep the protein soluble in the cytoplasm and thereby avoiding the solubilization and refolding steps that have to be performed if inclusion bodies are formed. There are several different approaches to minimize the formation of inclusion bodies when producing heterologous proteins intracellularly in E. coli. Reduction of the rate of protein synthesis, which can be achieved by using a moderately strong or weak promoter, or partial induction of a strong promoter, has been found to result in a higher amount of soluble protein [25] . Other means of reducing the protein-synthesis rate is by growing the culture at lower temperature [85] or to add non-metabolizable carbon sources at the time of induction [84] . Substitution of amino acid residues, for example replacement of multiple hydrophobic phenylalanine residues in respiratory-syncytial-virus (RSV) G protein [86] , or replacement of cysteine residues in S1 dihydrofolate reductase [87] , have been shown to dramatically improve the solubility. However, this approach is limited to applications where the substitutions do not alter the desired function or activity of the recombinant protein.
Fusion of the target protein to a highly soluble fusion partner, thereby increasing the overall solubility of the fusion protein, is a convenient and efficient method to increase the fraction of soluble gene product in the cytoplasm. Proteins used as solubilizing fusion partners include thioredoxin [88, 89] , ubiquitin [90, 91] , NusA [92] the IgG-binding domains ZZ from SPA [93] , the albumin-binding BB from Protein G [94] [95] [96] , the maltose-binding protein [97, 98] and a mutant form of DsbA [99] . The overexpression of intracellular chaperones has in many studies resulted in an increased accumulation of soluble gene products. However, as for co-expression of foldases, this approach is proteinspecific and is not a universal means of preventing inclusionbody formation [75, 77, 78, 80, 81, [100] [101] [102] . Usually the redox potential in the cytoplasm prevents disulphide formation. In order to generate a less reducing environment in the cytoplasm, thereby facilitating disulphide-bond formation, strains deficient in thioredoxin reductase have been used [103] [104] [105] .
For soluble gene products accumulated intracellularly in the E. coli cytoplasm, the first step in downstream processing is the release of the recombinant protein. On a laboratory scale the cells are typically lysed by enzymic treatment, chemical treatment or by mechanical-disruption techniques such as sonication. High-pressure homogenization or bead mills are used in large-scale processing [106, 107] . Such treatment effectively liberates the desired protein, but it also releases the bulk of host-cell proteins and nucleic acids. If the expressed recombinant protein is thermostable, a convenient method to reduce the amounts of the contaminating host-cell proteins is heat-precipitation [108, 109] . Additional advantage with heat precipitation is the thermal deactivation of the E. coli cell and of its proteases [110, 111] , reducing the potential risk of degradation of the target protein. It has also been shown that heat-treatment procedures performed on undisrupted cells efficiently can release recombinant proteins accumulated in a soluble form in the cytoplasm [112] , thus combining the product-release step with the benefits of heat precipitation of host-cell proteins.
Such a heat-treatment procedure was recently successfully used in the recovery of an intracellularly accumulated fusion protein, BB-C7, in a production process for human proinsulin C-peptide [96] , where the heat treatment actually functioned as an initial purification step, giving a purity of approx. 70 %, as compared with a purity of 10 % obtained after conventional cell-disruption procedures.
Production as inclusion bodies Many heterologous proteins expressed in E. coli are prone to precipitate, which in many cases is an advantage. The formation of inclusion bodies normally protects the gene product from host-cell proteases. The product is inactive and cannot harm the host cell, often giving high expression levels. Furthermore, the dense inclusion bodies can be readily recovered by centrifugation and a relatively high purity and degree of concentration of the gene product are thus normally obtained after solubilization [1] . The main disadvantage with inclusion-body formation is the need for solubilization and refolding steps, necessary for regaining a correct protein structure and activity. These steps can reduce the yield and be costly, especially on a large scale. Different strategies have been utilized to enhance the tendency for the formation of inclusion bodies, for example increasing the rate of protein synthesis by using strong promoters such as the T7, trp or tac promoters, fusion of the target protein to certain other proteins, such as TrpLE [5, 113] , and cultivation at elevated temperatures or at a pH other than 7.0 [114, 115] .
In vitro refolding Inclusion bodies have an increased density and can easily be recovered by centrifugation after the disruption of the cells. The resulting inclusion-bodycontaining pellet consists mainly of the overexpressed recombinant protein, but contaminants originating from the host cells are also present [1] . To remove these contaminants, the pellet can be washed with low concentration of denaturants or with detergents [116] . After washing, the inclusion bodies are solubilized by using high concentration of denaturants. If the recombinant protein contains cysteine residues, a reducing and chelating agent should also be included in the solubilization buffer [1, 117] .
Renaturation of the solubilized gene product is initiated by the removal of the denaturant and, where appropriate, also the reducing agent, by dialysis or dilution. During the refolding procedure it is important to limit product aggregation. This can be done by performing the refolding at low protein concentration, typically in the range of 10-50 mg\l [118] . However, refolding at such low concentrations requires very large volumes, which becomes difficult and expensive when performed in industrial-scale applications. Therefore other methods to keep the concentration of the unfolded protein low in the refolding buffer have been developed. Stepwise addition of the denatured recombinant protein and different dialysis approaches [116] [117] [118] are examples of such methods. Different strategies have been developed to increase the refolding yield, either by stabilizing the native state, by destabilizing incorrectly folded molecules, or by increasing the solubility of folding intermediates and of the unfolded state. By performing the refolding at nondenaturing concentrations of denaturant, a high refolding yield has been obtained at high protein concentrations [84, 119] . Other low-molecular-mass additives have also successfully been used to enhance the refolding yield of a variety of different recombinant proteins [116] . Molecular chaperones and foldases [80, 120, 121] , monoclonal antibodies [122, 123] and specific binding proteins [124] have also been shown to increase the yield of correctly folded protein.
If the recombinant protein contains disulphide bonds, the renaturation buffer also has to contain a redox system, which provides the appropriate redox potential and enables formation and reshuffling of disulphides. The most common redox system is that of GSH and GSSG, but other lowmolecular-mass thiol-based redox systems have also been utilized. Typically a 1 : 1-5 : 1 molar ratio of reduced to oxidized thiol is used [84] . For certain proteins, the yield of renaturation is increased if the thiol groups in the denatured protein are first completely oxidized by formation of mixed disulphides with GSH. Disulphide-bond formation is promoted by addition of catalytic amounts of a reducing agent in a following renaturation step [117] . In another method, the thiol groups in the denatured protein are sulphonated by treatment with Na 2 SO 3 and a reducing agent. Under renaturating conditions the protein is thereafter refolded in the presence of small amounts of reducing agent [125] [126] [127] .
Purification of the gene product
After a successful production of a recombinant protein, different purification steps will be needed in order to recover a biologically active protein at high purity. The downstream process for the recovery and purification of a gene product depends on the production strategy used, but it consists typically of product release and clarification steps, an initial purification step and different chromatographic purification steps. During recent years, the major challenge in designing downstream processes has been to simplify and improve the overall efficiency by combination and elimination of unit operations to cut production costs. This has been achieved both by the development of new separation techniques and by genetic design of the produced recombinant protein.
Initial recovery methods
The aim of an initial recovery step is to rapidly remove or inactivate proteases which can degrade the product, to remove impurities and particles which have a negative effect on the subsequent chromatographic purification steps and to concentrate the sample. An ideal initial recovery step also gives a high degree of purification. Furthermore, it is essential that the equipment used is compatible with robust cleaning and sanitizing methods when considering industrial-scale production.
The expanded-bed adsorption (EBA) technology represents an initial recovery step that allows the capture of proteins from particle-containing feedstocks without prior removal of the particulates [128] . EBA has shown to be suitable for industrial production scale and the technology can also withstand harsh cleaning procedures [129] . Precipitation is another simple approach for recovery of a gene product from a cultivation broth or homogenate. Various methods exist by which precipitation can be achieved : addition of salts, organic solvents, or organic polymers, or varying the pH or temperature [130] . These precipitation methods are non-specific, and give a low degree of purification. By using affinity precipitation, increased specificity can be obtained [131] . Different aqueous two-phase extraction systems have been extensively studied as an initial recovery step [132, 133] . An aqueous two-phase extraction system can also be combined with affinity precipitation [134] , combining the benefits of both methods.
Chromatographic purification methods
For recombinant proteins intended for use as pharmaceuticals, purity must typically exceed 99 %, and some impurities, such as endotoxins and DNA, are limited to an upper level in the range of parts per million. Different chromatographic methods have proved to be the only purification techniques with which these purity levels can be obtained with retained biological activity of the product, suitable to be scaled up to the appropriate production levels. The most frequently used chromatographic methods are ion-exchange chromatography, size-exclusion chromatography, hydrophobic-interaction chromatography, reversedphase chromatography and affinity chromatography. In a typical multistep chromatography process, the first step is a capturing step, where the product binds to the adsorbent while the impurities do not. The product is often eluted with a step gradient, giving a high concentration of the product but a moderate degree of purification. The main requirements of this first step are high capacity, high degree of product recovery, and high chemical and physical stability. Ion-exchange chromatography, and to some extent hydrophobic-interaction chromatography, are frequently used as the first chromatographic step. After the capturing step, the bulk of impurities, such as host-cell proteins, nucleic acids and endotoxins, are typically removed with high-resolution techniques such as hydrophobic-interaction chromatography, ion-exchange chromatography, reversed-phase chromatography or affinity chromatography. Lower flow rates, gradient elution, and matrices with particles of smaller size are used for enhanced resolution. After these steps, the product purity is typically at a level of 99 %. The last step in the multistep chromatography process is a polishing step, with the purpose of removing possible aggregates, degradation products or target protein molecules that may have been modified during the purification procedure. It also serves to condition the purified product for its use or storage. Commonly used techniques for the final step are size-exclusion chromatography and reversed-phase chromatography. When designing a purification scheme it is advisable to link the different chromatography steps in a way that enables the eluted sample from one step to be applied directly on to the next step, avoiding buffer changes and concentration steps. It is also important to keep the number of steps as low as possible, since the total recovery decreases rapidly with the increasing number of steps. A convenient way to reduce the number of steps in the purification scheme without reducing the purity is to include a step with high selectivity, such as affinity chromatography [135] [136] [137] .
Affinity-fusion systems
Since the first example of the use of gene fusions for affinity purification was reported in 1983 [138] , a large number of different affinity-fusion systems have been developed to facilitate the purification of recombinant proteins [3, 4] . Some of the most common affinity-fusion systems are listed in Table 4 . When choosing an affinity-fusion system, it is important to remember that all systems have their own characteristics, and no single system is ideal for all applications. For example, if secretion of the gene product is desired, it is necessary to choose a system with a secretable affinity tag. If the gene product needs to be purified under denaturated conditions, a system which has a tag which can bind under those conditions must be chosen, e.g. the polyhistidine affinity tag [139, 145] . The polyhistidine tag is suitable for purification of gene products accumulated as inclusion bodies, because the fusion protein can be directly applied to an immobilized-metal-ion-affinity-chromatography (IMAC) column after being solubilized with a suitable denaturing agent. An additional advantage with the small polyhistidine affinity tag is that it can easily be genetically fused to a target protein by PCR techniques [146] . It is also important to choose an affinity-fusion system with elution conditions under which the target protein does not get denaturated [147] . At the laboratory scale, affinity-fusion methods are very powerful and have achieved widespread use for easy and fast single-step purification of gene products. For large-scale pharmaceutical production, however, affinity fusions have not been as extensively utilized, despite the ability to replace multiple steps with one step. The main reason is most probably that, for most applications, the affinity tag needs to be removed afterwards. Furthermore, proteinaceous ligands may leak from the column during elution, making it necessary to remove the ligand from the eluate. If the ligand originates from a mammalian source, there is also risk of viral contamination. Questions concerning the possibility of column sanitation, and column lifetime, capacity and cost, must also be considered [148] .
Cleavage of fusion proteins For certain applications, for example if the produced protein is intended to be used as a pharmaceutical product, or if the protein is aimed to be used for structural determination, it is necessary to remove the affinity tag after the affinity-purification step. There are several methods, based on chemical or enzymic treatment, available for site-specific cleavage of fusion proteins, [149] Leu-Glu-Ala-Leu-Phe-Gln-7 -Gly-Pro [157] His 6 -TEV protease Glu-Asn-Leu-Tyr-Phe-Gln-7 -Gly [158] a The cleavage sequence relates to the specific reference given ; for some of the enzymes, alternative sequences are also reported to be functional.
( Table 5 ). Advantages with the chemical cleavage methods are that the reagents used are inexpensive and widely available, and the reactions are generally easy to scale up. However, the harsh reaction conditions often required can lead to amino-acid-side-chain modifications or denaturation of the target protein [159] . Furthermore, the selectivity is often rather poor, and cleavage can occur on additional sites within the target protein. 
Genetic strategies to improve downstream processes
In recent years the number of reports describing the use of genetic strategies have increased, not only to improve production, but also to simplify the recovery processes. Such strategies have been used both to simplify initial recovery steps and to adapt the product to make the different purification steps more efficient. Genetic strategies have furthermore been used to facilitate in vitro refolding, site-specific cleavage of gene fusion product and to create tailor-made product-specific affinity ligands. Some relevant examples will be described below.
Improved recovery
Examples of gene fusions that have been used to improve initial recovery steps include fusions of hydrophobic tails to the target proteins to favour the partitioning into the top phase in aqueous two-phase systems [160, 161] , and fusions of aspartic acid residues to the protein to enhance polyelectrolyte precipitation efficiency [162] . Increased efficiency in anion-exchange chromatography in the EBA format was achieved by fusion of the target protein to the ZZ domains from Protein A, whereby the pI was lowered [52] . By fusion of a stretch of arginine residues [163] , glutamic acid residues [164] and phenylalanine residues [165] , the efficiency of ion-exchange chromatography and hydrophobic-interaction chromatography was increased. One example of a tailormade fusion partner, developed by Gra$ slund and co-workers [166] , is the engineered basic variant of the Z domain (Z basic ), enabling cation-exchange-chromatography separations to be performed at high pH values. Since almost no other host-cell proteins were found to bind under such conditions, very efficient purification could be achieved [167] . Utilizing the features of the charged Z basic , an integrated production strategy for Klenow DNA polymerase was developed [168] . The Klenow DNA polymerase was produced as a Z basicKlenow fusion protein that could be efficiently recovered by cation-exchange chromatography in the EBA mode. The Z basic -Klenow fusion was subsequently cleaved to release free Klenow polymerase, with the help of a Z basic -tagged viral protease 3C, whereafter fused Klenow could be recovered from the reaction mix by separating Z basic -protease 3C and Z basic fusion partner using cation-exchange chromatography [168] .
Facilitated in vitro refolding
Fusions of target proteins to highly soluble fusion tags have been shown to enhance in vitro refolding. For example, a high refolding yield at high protein concentration was obtained by fusion of a moderately soluble target protein to ZZ from protein A [127, 169, 170] . By fusion of a target protein to a histidine tag, immobilization of the fusion protein on an IMAC column can be made under denaturating conditions. A subsequent on-column refolding step typically gives high yield of renaturated target protein [171] . A related example, in which a hexa-arginine polypeptide extension was fused to the target protein, the fusion protein was immobilized on a cation-exchange column and renatured target protein was obtained after on-column refolding [172] .
Increased yield by gene multimerization
When expressing peptides in E. coli, low yields are often obtained. One reason could be the susceptibility of the peptides to proteolysis [50] . A common strategy to improve the stability is to produce the peptide as a fusion [147] . A major disadvantage with this strategy is that the desired product only constitutes a small portion of the fusion protein, often resulting in low yields of the target peptide. One way of increasing the molar ratio, and hence increase the amount of peptide produced, is to produce a fusion protein with multiple copies of the target peptide. An additional beneficial effect is often obtained by this strategy, since the gene multimerization has also been shown to increase the proteolytic stability of the produced peptides [173] . When the gene multimerization strategy is employed to increase the production yield, subsequent processing of the gene product to obtain the native peptide is needed. By flanking a peptide gene with codons encoding methionine, CNBr cleavage of the fusion protein, containing multiple repeats of the peptide, has successfully been used for obtaining native peptide at high yield [174, 175] . Takasuga and co-workers [176] produced a pentapeptide multimerized to 3, 14 and 28 copies, fused to dihydrofolate reductase, engineered to be separated by trypsin cleavage. A similar strategy was used to produce a peptide hormone of 28 residues [177] . Eight copies of the peptide gene were linked in tandem, separated by codons specifying lysine residues flanking the peptide, and the construct was fused to a gene fragment encoding a portion of β-galactosidase. Endoproteinase Lys-C, an enzyme which specifically cleaves on the C-terminal side of lysine residues, was used instead of trypsin, together with carboxypeptidase B, to release the native peptide. Similarly, a multimerization strategy was used to improve the yields of the 31-amino-acid human proinsulin C-peptide [95] . The C-peptide was expressed intracellularly in E. coli as one, three or seven copies as parts of fusion proteins. Since it was found that the three different fusion protein were expressed at equal levels, and that they all were efficiently processed by trypsin\carboxypeptidase B treatment to release native C-peptide, the seven-copy construct was used to generate a recombinant production process [96] .
Simplified site-specific removal of fusion partners
Genetically designed recombinant proteases have been used to simplify the removal of the proteases after site-specific cleavage of fusion proteins [3] . By fusing the protease to the same affinity tag as the target protein, an efficient removal of the affinity-tagged protease, the released affinity tag and uncleaved fusion protein can be achieved using affinity chromatography [156, 157, 168] . This principle is commercially available, examples being the systems based on His-tagged tobacco-etch-virus protease [158] and human rhinovirus 3C protease fused to a glutathione S-transferase tag (PreScission4 protease) [156] . An affinity-tagged protease can, as an alternative to covalent coupling, also be immobilized to an affinity matrix and be utilized for on-column cleavage [156] . On-column cleavage, in which the produced fusion proteins are site-specifically cleaved while still immobilized on the affinity column, has also been described [178, 179] . An affinity-fusion system, consisting of a protein splicing intein domain from S. cerevisiae and a chitinbinding domain, allows simultaneous affinity purification and on-column cleavage [180, 181] . Different immobilizing approaches are especially important for large-scale applications, since they can reduce the protease consumption and help to avoid additional contamination by the added protease.
Tailor-made product-specific affinity ligands
Powerful in vitro selection technologies, such as phage display [182] , have proven efficient for the isolation of novel binding proteins from large collections (libraries) of peptides or proteins constructed, for example, by combinatorial protein engineering [183] [184] [185] [186] . One example of such binding proteins is the so-called ' affibodies ', selected from libraries constructed by random mutagenesis of the Z domain derived from SPA [187] . The Z domain, used as scaffold during library constructions, is proteolytically stable, highly soluble, small (6 kDa), and has a compact and robust structure devoid of intramolecular disulphide bridges, making it an ideal domain for ligand development. Using phage-display technology, affibody ligands to a wide range of targets have been successfully selected [188, 189] . Recently, such affibody ligands showed selective binding in authentic affinitychromatographic applications involving the purification of target proteins from E. coli total cell lysates [190] . Such tailor-made product-specific affinity ligands have also been generated and used for highly efficient recovery of recombinant human Factor VIII produced in Chinese-hamster ovary (' CHO ') cells [191] , and a recombinant vaccine can-didate, derived from the RSV G protein, produced in baby-hamster kidney (' BHK ') cells [192] . The obvious advantage of using a ligand selected to bind to the target protein instead of fusing the target protein to an affinity tag is that no cleavage step to obtain the native protein is needed. The disadvantage is that a new highaffinity ligand must be selected and produced for every new recombinant protein needed to be purified. It is nevertheless likely that this strategy will be attractive in recombinant bioprocesses, since highly selective affinity matrices can be created that potentially even could discriminate between different folding forms of the target protein and could thus replace several other chromatographic steps in the recovery process. Interestingly, no loss of column capacity or selectivity for the target protein was obtained even after repeated cycles of low pH elution and column sanitation protocols, including 0.5 M NaOH [190] . This might suggest that affinity chromatography using protein ligands could become increasingly used also in industrial-scale recombinant-proteins recovery processes in the future.
Concluding remarks
A number of different genetic strategies are available for the design of processes for production of recombinant proteins. In this review, the use of several such strategies in order to increase expression yields and simplify the recovery processes have been described. First of all, genetic strategies have been used for at least two decades to create efficient expression vectors in which suitable promoters are included and transcription and translation efficiencies are taken into account. Furthermore, the bacterial strains can be improved in different ways to give increased yields, for example by deletion of protease genes or engineered for overexpression of rare-codon tRNAs, foldases or chaperones. It has also been demonstrated that genemultimerization strategies can be beneficial in improving production yields. All genetic strategies used to obtain increased expression yields are very much empirical and have to be performed on a product-by-product bases.
Another application of genetic strategies is the improvement of the efficiency of the recovery processes by adapting the product for a particular purification principle. In this area, affinity fusions have been commonly used, but also other principles, such as modified pI or hydrophobic properties, have been successfully investigated. A general drawback with fusion strategies is that the fusion partner often has to be removed to release a native gene product. A drastic step forward in the use of gene technology to improve recovery processes for recombinant proteins is the introduction of combinatorial protein engineering to generate tailor-made product-specific affinity ligands. This strategy, which allows highly specific recovery of a recombinant protein that can be expressed in its native form [188, 191] , is likely to be increasingly used also in industrialscale bioprocesses, since this novel type of protein ligand (e.g. the protein A-based affibodies) can be sanitized using common industrial cleaning-in-place procedures [190] .
Taken together, the examples presented make it evident that genetic strategies have had significant impact on recombinant-protein production during the last few decades, and that genetic design will be of utmost importance in the future for facilitating production and recovery of recombinant proteins.
